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Preface

The purpose of writing Xenopus Development
was to provide a comprehensive review of the
current knowledge on the most popular
amphibian model in developmental biology.
The pioneering research by John Gurdon on
nuclear transfer and nuclear remodeling in
Xenopus laevis was awarded the Nobel Prize in
Medicine or Physiology in 2012. This is perhaps
the first time that research on the Xenopus model
has been recognized with the highest scientific
award. Recent sequencing of the Xenopus tropi-
calis genome allows combining the classical
developmental biology observations and exper-
iments carried out on X. laevis with modern ge-
netic and genomic studies of X. tropicalis. This is
a unique situation in modern developmental
biology, with two different but closely related
species being used for different purposes and
being studied using different approaches,
thereby allowing the results to be automatically
merged and easily extrapolated. Availability of
these data sets will have an enormous impact
on the general application of the Xenopus model
system. At present, there are two Xenopus
resource centers, one in the US and one in the
UK, which offer training in the use of Xenopus
as an experimental model system. Both the X.
laevis and X. tropicalis models have the poten-
tial to be used more frequently in the future
and will certainly deliver novel and exciting
information in the field of developmental
biology.

The book is divided into four parts: Section
I - Oocyte and Early Embryo (Chapters 1-5);
Section II-Midblastula Transition, Gastrulation,
and Neurulation (Chapters 6-9); Section III —
Metamorphosis and Organogenesis (Chapters
10-15); and Section IV — Novel Techniques and
Approaches (Chapters 16-20). This arrange-
ment allows presenting the novel discoveries in
the field of Xenopus developmental biology in a
systematic manner and focusing on the meth-
odological aspects of Xenopus research. We are
now witnessing an explosive development of
novel methods, approaches, and techniques,
which pave the way to explore new areas of
research for scientific discoveries. Researchers
in the field can benefit from these circumstances
and make use of this unique opportunity.

Most importantly, we have managed to
gather in this book outstanding contributors
who have provided an excellent historical
perspective as well as described the state of
the art in the field of their expertise.

Last, but not least, there has not been a book
dedicated to Xenopus since the 2000 Cold
Spring Harbor Lab Press laboratory manual,
and we hope that the current volume will fill
this void successfully.

Malgorzata Kloc
Houston, USA
Jacek Z. Kubiak
Rennes, France






Chapter 1
Chapter 2
Chapter 3

Chapter 4
Chapter 5

Oocyte and Early Embryo

Transcription in the Xenopus Oocyte Nucleus
RNA Localization during Oogenesis in Xenopus laevis

From Oocyte to Fertilizable Egg: Regulated mRNA Translation
and the Control of Maternal Gene Expression

Polarity of Xenopus Oocytes and Early Embryos

Germ-Cell Specification in Xenopus






Transcription in the Xenopus
Oocyte Nucleus

Joseph G. Gall

Department of Embryology, Carnegie Institution for Science, Baltimore, MD

Abstract: The mature oocyte of Xenopus is a gigantic cell with a diameter of 0.8 mm in Xenopus tropicalis
and 1.2mm in Xenopus laevis. It stores a large number of stable mRNAs for use during early development,
all of which are transcribed by the giant lampbrush chromosomes inside the equally giant oocyte
nucleus or germinal vesicle. The lampbrush chromosomes are specialized for an unusually high rate of
transcription, but even so they require months to produce the enormous number of stable transcripts
needed for early embryogenesis. Deep sequencing of oocyte mRNA reveals a wide variety of
transcripts made by the lampbrush chromosomes during oogenesis.

Introduction

Oocytes of animals vary greatly in size, rate
of growth, presence or absence of a quiescent
stage, and association with supporting or
nurse cells of various types (Davidson 1986;
Voronina and Wessell 2003). These factors
influence the nature of the transcription that
takes place in the oocyte nucleus or germinal
vesicle (GV). The Xenopus oocyte represents
one extreme. Its oocyte grows to an enor-
mous size, up to 1.2mm in Xenopus laevis and
0.8 mm in Xenopus tropicalis, and there are no
nurse cells (Figure 1.1). At their maximal
size, the oocytes of X. laevis and X. tropicalis
have volumes some 10°-10° times that of a
typical somatic cell. All of the transcripts

for this enormous cell must be synthesized
by the single GV. The strategy used by the
oocyte to accomplish this prodigious task
involves three major components. First, the
chromosomes in the GV transcribe at
what is probably close to the theoretical
maximum, giving rise to the remarkable lamp-
brush chromosomes (LBCs) (http://projects.
exeter.ac.uk/lampbrush/), which will be a
major focus of this chapter. Second, and
equally importantly, transcription continues
for several months during the long period
of oocyte development. Finally, the tran-
scripts produced by the GV and stored in the
cytoplasm are unusually stable. Only by
a combination of these three features is
the Xenopus oocyte able to make and store

Xenopus Development, First Edition. Edited by Malgorzata Kloc and Jacek Z. Kubiak.
© 2014 John Wiley & Sons, Inc. Published 2014 by John Wiley & Sons, Inc.



4 Oocyte and Early Embryo

Figure 1.1 Oocytes of X. tropicalis. The top panel
shows the range of oocyte sizes found in an ovary from
an immature frog (3.5 cm snout to vent). At this stage,
most oocytes have diameters under 100 um. The lower
panel shows oocytes of different sizes, obtained from
the ovary of a mature female. Such ovaries also contain
smaller oocytes like those shown in the upper panel.
Photo courtesy of Zehra Nizami.

the transcripts needed for oogenesis and
early embryogenesis.

LBCs similar to those of Xenopus are found
in a wide range of organisms, both vertebrate
and invertebrate (Callan 1986), and have even
been described from a plant, the single-celled
alga Acetabularia (Spring et al. 1975; Berger
et al. 1994). It is worth emphasizing, however,
that LBCs have been described only from
large meiotic nuclei that provide transcripts
to a large oocyte without help from nutritive
cells. The situation can be very different in
other organisms. For instance, the Drosophila
oocyte is large but the GV is small and tran-
scriptionally silent, or nearly so. In this case,
there are no LBCs and transcripts are supplied
to the growing oocyte by polyploid nurse cells
(Spradling 1993). The example of Drosophila
and other organisms with transcriptionally
inactive GVs emphasizes the fact that LBCs
are not required for meiosis or more generally
for oogenesis (Gall 2012).

LBC structure: The standard model

Extensive studies on the LBCs of many organ-
isms over the past 50-60 years have estab-
lished what can be called the “standard model”
of their physical structure. LBCs consist of
four chromatids in the diplotene stage (G2) of
the first meiotic division. Each chromatid is
fundamentally a single, very long DNA dou-
ble helix, which, if fully extended, would be
centimeters in length (Callan and Macgregor
1958; Callan 1963; Gall 1963). The two homo-
logues of each bivalent are independent of
each other, except at the chiasmata, whose
physical structure is almost completely obscure.
It is the unique and variable association of
sister chromatids that gives rise to the classic
“lampbrush” condition. Specifically, there are
condensed, transcriptionally inactive regions
(chromomeres) along the major axis of each
homologue, where sister chromatids are associ-
ated with each other. And there are transcrip-
tionally active regions (loops) where sisters
extend laterally from the axis independently
of each other (Figure 1.2A and B). Each loop
consists of one or more transcription units (TUs)
that are visible at the light optical level as “thin-
to-thick” regions, the thin end being where tran-
scription initiates and the thick end where it
terminates. The entire structure is visible pri-
marily because the nascent RNA transcripts are
associated with massive amounts of protein.
These relationships are shown diagrammati-
cally in Figure 1.3, variations of which have
been published many times before (Gall 1956;
Callan and Lloyd 1960; Hess 1971; Morgan
2002; Austin et al. 2009; Gaginskaya et al. 2009).

Chromomeres and loops

Beginning with the transcriptionally inactive
axis of each homologue, we immediately run
into unanswered structural issues. The more or
less accepted view is that the axis consists of a
series of DNA-rich chromomeres within which
the sisters are tightly wound up in some
fashion. They can be stained by various DNA-
specific dyes, such as Feulgen or DAPI
(Figure 1.2B and D). The chromomeres are sep-
arated by exceedingly delicate interchromo-
meric regions that are either invisible or barely



Figure 1.2 LBCs of the newt Notophthalmus viridescens (A and B) and X. tropicalis (C and D). (A) A short segment
of an LBC stained with antibodies against pol Il (green) and the RNA-binding protein CELF1 (red) (Morgan 2007).
The axes of all loops appear as diffraction-limited green lines, because they are covered with closely spaced pol Il
molecules. One pair of sister chromatids is preferentially stained with CELF1, revealing the prominent thin-to-thick
orientation of the associated loop matrix (RNP transcripts). (B) The same segment of LBC stained with the DNA-
specific dye DAPI reveals the axis of transcriptionally inactive chromomeres. (C) Bivalent No. 2 of X. tropicalis
stained with antibodies against pol Il (green) and pol Il (red). The vast majority of loops are transcribed by pol II.
The loops of X. tropicalis are much shorter than those of the newt, and only a few are recognizable as loops in this
image (arrow). (D) The same bivalent showing strong staining of the chromomere axes with DAPI. DAPI also reveals
two amplified rDNA cores (arrowheads) in each of two extrachromosomal nucleoli. Regions of high protein
concentration in the nucleoli also bind DAPI to a lesser extent. The same is true of two moderately stained structures
near the middle of this bivalent (arrows), which represent loop pairs whose matrix has fused into a single large mass
(lumpy loops). To see a color version of this figure; see Plate 1.
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0

——— DNA (double helix)
RNA transcript
® RNA polymerase ||
Cohesin
Insulator protein?

Figure 1.3 Highly stylized diagram of LBC structure.
Transcriptionally active sister chromatids extend
laterally from the main axis of the chromosome,
which consists of regions where transcriptionally
inactive sisters are closely paired and associated with
cohesins (Austin et al. 2009). Loops can consist of one
or more TUs, which may have either the same or
opposite polarities on the same loop. RNA polymerase
I molecules are packed closely along the DNA axis of
each loop and elongating RNA transcripts are attached
to them. The transcripts are associated with various
proteins, including splicing factors (not shown here).

It is not known what holds the bases of the loops
together. One possibility is that insulators or similar
molecules that define transcriptionally active regions
of chromatin are involved. To see a color version of
this figure; see Plate 2.

visible at the light optical level. By electron
microscopy, these regions usually appear as
a single fiber about 10nm in thickness
(Tomlin and Callan 1951; Mott and Callan
1975). Although an analogy of the chro-
momeres and interchromomeric regions to
the bands and interbands of polytene chromo-
somes is often made, this analogy breaks down
when examined closely. Specifically, the
number of chromomeres varies greatly during
development of the oocyte, there being
dozens of chromomeres in an amphibian or
avian LBC at maximal extension, but a
decreasing number as the chromosomes
contract in length for the first meiotic division.
It is possible to construct maps of individual
chromosomes based on the chromomere
pattern at maximal extension, as has been done
for avian LBCs (Rodionov, Galkina, and Lukina
in Schmid et al. 2005), but it is often difficult to
recognize a reproducible chromomere pattern
in amphibian LBCs, even between the

homologues of a given bivalent (Callan and
Lloyd 1960). Macgregor (2012) discusses the
“chromomere problem” in a recent essay.

To say that we are woefully ignorant about
the internal structure of chromomeres is an
understatement. The first question we might
ask is whether sister chromatids are intimately
paired inside the chromomere, as they are in
the interchromomeric regions. Although we
do not have an answer to that question, we
can say definitively that a single chromatid
can form either an entire LBC or part of one.
The most direct evidence comes from LBCs
that form when sperm heads are injected into
a GV (Gall and Murphy 1998; Liu and Gall
2012). In such experiments, the single chroma-
tids inside the sperm head are released within
minutes and develop gradually into morpho-
logically recognizable LBCs with transcrip-
tionally active loops. Except that their loops
are not paired, these LBCs are similar in
overall organization to the normal LBCs in the
same nucleus (Figure 1.4). A similar argument
comes from the existence of “double-axis”
regions of normal LBCs. Double-axis regions
are segments of an LBC in which sisters are
completely unpaired. Although rare, they are
a regular feature of specific regions of certain
chromosomes: one end of the shortest chro-
mosome of Triturus cristatus (Callan and Lloyd
1960), near the middle of chromosome Nos. 8
and 9 of X. laevis (Figure Al.1), and roughly
half of chromosome No. 10 of X. tropicalis
(Figure A1.2). Although LBCs that consist of
single chromatids, as well as the double-axis
regions of otherwise typical LBCs, demonstrate
that chromatids need not be paired to form
typical “lampbrushes”, they do not directly
address the organization of sister chromatids
within the chromomeres of typical LBCs.

One structural issue on which there is
no question is that sister chromatids form
independent transcription loops. There is
both observational and experimental evi-
dence for this model, going back to Callan’s
original stretching experiment (Callan 1957).
Basically, Callan showed that an LBC
chromosome “breaks” in a stereotypical and
counterintuitive fashion when stretched
between microneedles. Instead of breaking
in the thinnest regions between the chromo-
meres, the chromosome doesn’t really break
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Figure 1.4 An LBC consisting of a single unpaired
chromatid. This LBC was formed when a sperm head
of X. laevis was injected into the GV of the newt

N. viridescens. Individual chromatids derived from
the sperm begin transcribing shortly after injection,
eventually forming giant chromosomes similar to the
endogenous LBCs. Because the X. faevis chromatids

do not replicate in the GV, the LBCs formed from them
consist of single chromatids and the transcription loops
are unpaired.

at all. Instead, something happens at the
bases of the loops such that a pair of loops,
which originally extended laterally, comes to
lie along the main axis of the chromosome.
Such “double-loop bridges (dlb)” also occur
when chromosomes are accidentally stretched
during preparation for microscopical exami-
nation (Figure 1.5). Moreover, certain pairs of
identifiable loops exist normally in the dlb
configuration (Callan 1954; Callan and Lloyd
1960). An interesting example is found on
chromosome No. 3 of X. laevis (Figure A1.1).
Here, a prominent dlb near the centromere
contains an unusually high concentration of
the RNA-editing enzyme ADAR1 (Eckmann
and Jantsch 1999).

Callan’s experiment provided what is
arguably the single most important insight
into the LBC structure: that each lateral
loop is part of an extraordinarily long and
continuous chromatid. Coupled with the
demonstration that a loop contains one DNA
double helix, whereas the main axis contains
two helices, LBCs provided critical evidence

Figure 1.5 A dlb in a chromosome of the newt

N. viridescens. Such bridges can be formed by stretching
a chromosome with microneedles, but they also occur
by accident when LBCs are prepared for microscopical
examination. Note the polarity of the loops, which
allows one to determine the direction of transcription
(arrow) relative to the chromosome as a whole.

that the largest known chromosomes are not
multistranded, but instead conform to the
unineme hypothesis of chromosome structure
(Gall 1963, 1981).

Transcription on LBC loops

The lateral loops are the most distinctive fea-
ture of LBCs and gave rise to the name
“lampbrush”, which was coined by Riickert
(1892) by analogy to the then familiar brushes
used to clean soot from kerosene lamp chim-
neys. There is no question that the loops
represent transcriptionally active regions of
the chromosome, as opposed to the tran-
scriptionally inactive chromomeres. The first
hint came from the demonstration of RNase-
sensitive staining in these regions (Gall 1954),
followed by autoradiographic experiments
showing that the loops incorporate RNA
precursors such as adenine and uridine (Gall
1958; Gall and Callan 1962).

Well before there was detailed molecular
evidence for transcription on the loops, the
beautiful electron micrographs of Oscar Miller
and his colleagues provided stunning images
of TUs in amphibian oocytes at unprece-
dented resolution. Because “Miller spreads”
involve disruption of the GV in distilled water,
the overall organization of the chromosomes is
lost. Nevertheless, it was abundantly evident
that the (nonribosomal) “Christmas trees”
were derived from the loops of LBCs (Miller
and Hamkalo 1972; Hamkalo and Miller
1973; Scheer et al. 1976).
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Figure 1.6 Images of a loop from the newt N. viridescens. (A) The entire loop imaged by phase contrast
microscopy. The pronounced thin-to-thick polarity of the RNP matrix signifies the direction of transcription (arrows).
(B) A confocal image of the same loop after immunostaining with mAb H14 against phosphorylated pol Il (green)
and mAb Y12 against symmetrical dimethylarginine, an epitope found on several splicing snRNPs (red). Green pol Il
stain is evident at the thin end of the loop but is obscured by the heavy mAb Y12 stain along most of the loop.
(C) Image of the same loop taken by structured illumination superresolution microscopy. (D) Confocal image of the
thin end of the loop at higher magnification. (E) The same loop imaged by structured illumination microscopy. Pol Il
now appears as a green line of nearly uniform width along the length of the loop. The red RNP matrix is resolved
into a series of small particles about 50 nm in diameter. The superresolution images were taken on a DeltaVision
OMKX structured illumination microscope by Sidney Shaw and James Powers, Department of Biology, Indiana
University. To see a color version of this figure, see Plate 3.

Immunofluorescent staining, especially when
coupled with confocal or superresolution
microscopy, now provides textbook images
of active transcription on intact LBCs
(Figures 1.2A, C, and 1.6). RNA polymerase I
molecules form a diffraction-limited line
along the axis of each loop, whereas ribonu-
cleoprotein (RNP) transcripts appear as a
massive coating around this axis. The thin-to-

thick organization of loops early suggested
the direction of transcription, and in the case
of the histone loops of the newt Notophthalmus,
it was even possible to correlate the direction
of transcription with the strand of DNA being
transcribed (Stephenson et al. 1981). Multiple
thin-to-thick regions within a single loop
demonstrated that a one-to-one correlation
between the loops and TUs is not possible.



Instead, a loop consists of one or more TUs,
not necessarily oriented in the same direction
(Scheer et al. 1976; Gall et al. 1983).

Interestingly, pol III transcription also occurs
on loops. Because pol III transcripts are usu-
ally short, they do not form a matrix detectable
by phase contrast or differential interference
contrast microscopy. Nevertheless, pol III
loops can be seen when they are immuno-
stained with antibodies against pol III
(Figure 1.2C). If the loops are extended, they
appear as diffraction-limited lines; otherwise,
they are seen as irregular masses of stain close
to the chromosome axis (Figures Al.l and
A1.2) (Murphy et al. 2002). What are possibly
pol Il loops can also be recognized in electron
micrographs by their very short transcripts
(Scheer 1981).

It is not known what holds sister chroma-
tids together at the bases of the loops. One
would imagine this to be a protein or more
likely a complex of proteins, but no one has
been lucky enough to find an antibody that
stains just the bases of the loops. Perhaps this
hypothetical glue at the bases of the loops
corresponds to the insulators that separate
the functional units of the chromosome (Giles
et al. 2010).

As just noted, a loop is not the same as a
TU, since many loops contain multiple TUs.
Moreover, a repeated gene locus can be rep-
resented by multiple loops, as is true for the
histone gene loci of Notophthalmus (Diaz et al.
1981). There are other cases where loops of
similar morphology occur not in pairs but
in clusters, again suggesting a complex and
variable relationship among TUs, loops, and
the underlying genes or gene clusters.

Transcripts produced during
oogenesis

Transcripts stored in the cytoplasm

Ribosomal RNA is the most abundant RNA
present in the cytoplasm of the oocyte, and it
occurs at about the same concentration as in
cells of normal size (Brown and Littna 1964).
In X. laevis, there are about 500-800 copies
of the rDNA genes at a single nucleolus orga-
nizer (Wallace and Birnstiel 1966), a number
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that is physically incapable of transcribing the
total amount of rRNA produced during oogen-
esis. As shown a number of years ago, the genes
coding for rRNA are amplified during the early
stages of meiosis, giving rise to hundreds of
transcriptionally active nucleoli (Figure 1.2D),
which are physically separate from the LBCs
(Peacock 1965; Miller 1966; Brown and Dawid
1968; Gall 1968; Perkowska et al. 1968). The 5S
rRNA, which must be produced during oogen-
esis in equimolar amounts to the 18S and 285
rRNAs, is not generated from extrachromo-
somal copies. Instead, the X. laevis genome
carries about 24,000 copies of a special oocyte-
type 55 gene, which are transcribed specifically
during oogenesis (Brown et al. 1971).

For protein-coding genes, the corresponding
mRNAs are presumably all transcribed on the
loops of the LBCs. It is beyond the scope of
this chapter to consider the complexity of
the mRNA stored in the cytoplasm, much of it
for use during early embryogenesis, when
transcription is shut down. The nature of this
stored RNA has been the subject of investiga-
tion for many years; earlier studies are ably
summarized in Davidson’s text Gene Activity
in Early Development (Davidson 1986). With
the advent of deep sequencing, it is now pos-
sible to examine the totality of stored tran-
scripts in great detail. A recently published
study from John Gurdon’s group detected
cytoplasmic transcripts from over 11,000 genes
of X. tropicalis (Simeoni et al. 2012), more than
half of the 20,000 annotated genes in the
genome (Hellsten et al. 2010). As shown by
RT-PCR analysis for a selected subset, these
transcripts range in abundance from more than
107 copies per oocyte to less than a few hun-
dred. We have also examined transcripts from
mature X. tropicalis oocytes and found a similar
wide range of abundance (Gardner et al. 2012).
These data revive — or rather continue — an old
debate about LBC transcription: do LBCs
simply transcribe a set of oocyte-specific genes
at an unusually high rate, or do they transcribe
most or all genes as part of specific germline
reprogramming of the genome?

We have recently addressed a more limited
question about oocyte transcription. Are there
major changes in the relative abundance of
transcripts stored in the oocyte during the
course of oogenesis? To answer this question,
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Figure 1.7 Similarity of transcriptomes from

X. tropicalis oocytes less than 100 ym diameter and
oocytes that have reached 350-400 pm diameter,
approximately half their final size. Shown here are
the log 2 FPKM scores for approximately 9700 different
transcripts. The slope of approximately 1.0 and the high
correlation (R = 0.84) show that transcripts are stored
at similar relative concentrations from the earliest to
midstages of oogenesis. Transcripts from fully mature
oocytes are similar (not shown here).

we sequenced total oocyte RNA from X. tropi-
calis oocytes of different sizes, from less than
100pm diameter to full-grown oocytes of
about 800pm (Figure 1.7). These data demon-
strate three essential facts. First, from the
beginning of oocyte development, the oocyte
produces and stores transcripts from a wide
variety of genes. Figure 1.7 shows data for
approximately 9000 transcribed genes (specifi-
cally all genes with log 2 FPKM (fragments per
kilobase per million reads) scores above 0).
Second, these transcripts vary greatly in
relative abundance, from transcripts that are
just detectable at the read depth of our samples
to some that are extremely abundant. Finally,
the relative abundance of most transcripts
changes very little during development of the
oocyte, from well before the onset of yolk
formation (oocytes about 100um diameter) all
the way through until the mature oocyte.

Nascent transcripts on the LBCs

As just discussed, quantitative data are now
available on the population of cytoplasmic

transcripts stored during oocyte development.
These transcripts are produced by the LBCs
and in this respect they give insight into
the nature of LBC transcription. However,
fundamental questions will remain until there
is detailed information about the nascent tran-
scripts themselves and the nature of their
processing. In an attempt to gain such data,
we carried out a deep sequence analysis of GV
RNA from X. tropicalis oocytes (Gardner et al.
2012). To our surprise, we found that the
bulk of GV RNA consists of stable intronic
sequences (sisSRNA) derived from the same
set of genes whose transcripts are found in
the cytoplasm. There is a rough correlation
between the abundance of a given mRNA and
the abundance of sisSRNA from the same gene,
although the absolute amount of mRNA is
much greater (molar ratio roughly 100 : 1).
For technical reasons, it was not possible to
analyze sisRNA after GV breakdown by deep
sequencing, but RT-PCR analysis of specific
sequences demonstrated that sisSRNA persists
in the embryo until at least the blastula stage,
at which time transcription resumes. At pre-
sent, the functional significance of sisRNA is
completely unknown.

We should not have been surprised that
nascent transcripts were missing from our
deep sequence data. Despite its enormous
size, the GV of X. tropicalis contains only four
sets of chromosomes with a total of 6-8pg of
genomic DNA (Gregory 2006). On the basis of
incorporation data, Davidson earlier esti-
mated that a X. laevis GV (with about twice the
amount of genomic DNA as X. tropicalis) tran-
scribes roughly 1.4ng of chromosomal RNA
per day. The total amount of RNA in nascent
transcripts must be still smaller. Thus, evenina
sample of RNA derived from several hundred
GVs, the total amount of nascent transcripts
will be no more than a few picograms, below
the detection level in our experiments.

In situ hybridization of nascent
transcripts on individual LBC loops

Although global information about nascent
transcripts must await the results of deep
sequencing, specific transcripts have been
investigated by in situ hybridization. The
most complete analysis, carried out some



years ago, involved the histone gene clusters
in the newt Notophthalmus (Diaz et al. 1981;
Stephenson et al. 1981; Gall et al. 1983; Diaz
and Gall 1985). The basic finding was that
individual LBC loops contain one or more clus-
ters of the five histone genes, the clusters being
separated by extremely long tracts of a 221-bp
repeated “satellite” DNA. In situ hybridization
with probes specific for the histone genes and
for the satellite DNA showed that most of the
RNA on the loops is derived from the satellite
DNA, presumably by read-through transcrip-
tion from promoters in the histone gene clus-
ters. Unfortunately, we do not have comparable
data on other specific genes, although there is
considerable evidence for transcription of
repeated sequences on LBCs of other amphib-
ians (Macgregor and Andrews 1977; Varley et al.
1980a, 1980b) and birds (Solovei et al. 1996;
Deryusheva et al. 2007; Gaginskaya et al. 2009).
On the basis of this admittedly incomplete
evidence, it is reasonable to suppose that the
long length of LBC loops relative to the lengths
of “ordinary” genes results at least in part from
read-through transcription into downstream
noncoding regions. The disparity between loop
size and the length of genes, already an issue
for the relatively modest-sized LBC loops
of Xenopus, becomes even more problematic
for the gigantic loops of salamander LBCs
(Figures 1.2 and 1.6). Many loops in these
organisms are 25-50um in length and some
reach the almost unbelievable length of 1mm.
Because 1pum of B-form DNA corresponds
to about 3kb, many loops (and hence TUs) of
salamander LBCs must be hundreds of kb long.
There is already convincing evidence for
very long introns in some salamander genes
(Casimir et al. 1988; Smith et al. 2009). Detailed
analysis of a few highly transcribed genes in
salamander (and Xenopus) LBCs by in situ
hybridization would add greatly to our under-
standing of LBC structure and function during
oogenesis. It may well turn out that the majority
of RNA transcribed on LBCs consists of either
intronic or downstream noncoding regions.

Appendix

The majority of LBC loops are similar in gen-
eral morphology within a given organism, as
exemplified by the relatively short loops of
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anurans like X. tropicalis and the enormously
longer loops of salamanders (Figure 1.2). As
first shown in detail by Callan and Lloyd
(1960) for the LBCs of the newt Triturus, it is
possible to identify specific loops on the basis
of their size and unique morphology of the
RNP matrix. At present, we have almost no
clue as to the functional significance of such
differences among loops. It is possible to
identify the transcripts being made on specific
loops by correlating genetic maps and RNAseq
data with fluorescent in situ hybridization anal-
ysis. To make such correlations easier, it is use-
ful to have physical maps of the LBCs. Some
years ago, we published relatively crude maps
of the X. lnevis LBCs, concentrating primarily
on the distribution of the 55 and ribosomal
RNA genes (Callan et al. 1988). In the interim, a
good deal of additional mapping has been
done, and updated maps are presented in
Figure Al.1. More recently, X. tropicalis has
become the favorite organism for sequence
analysis, its major advantage being that it is a
diploid species (1=10), whereas X. laevis is an
allotetraploid (1=18). For that reason, it is use-
ful to have LBC maps for this species as well. In
Figure A1.2, we present our most current maps
for X. tropicalis. Similar maps were recently
published by Penrad-Mobayed et al. (2009).
There are slight discrepancies in numbering
between our maps and those of Penrad-
Mobayed, resulting from the difficulty in deter-
mining relative lengths of the similarly sized
chromosome. There are also discrepancies in
numbering between both the LBC maps and
the mitotic maps published earlier (Wells et al.
2011). These discrepancies will need to be
resolved by in situ hybridization of specific
sequences on the LBCs.
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Xenopus laevis lampbrush chromosome maps
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Figure A1.1 Cytological maps of the 18 LBCs of X. /aevis, based on the analysis of 41 complete or nearly complete
spread preparations. Lengths are given as fraction of the total length of all chromosomes. The numbering system
is the same as that given in Murphy et al. (2002), differing slightly from the original maps in Callan et al. (1987).
Centromere positions (large solid circles) were determined from a subset of 15 preparations in which the oocytes
had been injected with a myc-tagged transcript of the centromere-specific protein CENP-C, and centromeres
detected with an antibody against the tag. Pol Il sites are shown as elongated ovals at positions described earlier
in Murphy et al. (2002). Three chromosomes (Nos. 8, 11, and 16) bear histone locus bodies (HLB) at the histone
gene loci (Callan et al. 1991). The nucleolus organizer is located near the centromere of chromosome No. 3
(Callan et al. 1988), although a nucleolus is only rarely seen at this locus. Oocyte-specific 5S genes are located
at or near the end of the long arm of all chromosomes except Nos. 10, 17, and 18 (Callan et al. 1988). These
regions are recognizable by the presence of a small terminal granule (solid circle) and pol Ill-labeled loops.
Bodies identical in morphology and immunostaining properties to extrachromosomal speckles (B-snurposomes)
are regularly seen at specific chromosome termini and at a few interstitial sites (small open circles). A dIb near
the nucleolus organizer of chromosome No. 3 is associated with the RNA-editing enzyme ADART (Eckmann

and Jantsch 1999). Double-axis regions of unknown significance occur near the centromeres of chromosome
Nos. 8 and 9.
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Xenopus tropicalis lampbrush chromosome maps
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Figure A1.2 Cytological maps of the 10 LBCs of X. tropicalis, based on the analysis of 29 complete or nearly
complete spread preparations. Lengths are given as fraction of the total length of all chromosomes. Centromere
positions (large solid circles) were determined from a subset of 10 preparations in which the oocytes had been
injected with a myc-tagged transcript of the centromere-specific protein CENP-C, and centromeres detected with an
antibody against the tag. Terminal spheres of unknown nature are present on 15 of the 20 telomeres. These stain with
an antibody against pol I, as do multiple internal sites (small solid circles). Four pol Il sites on chromosome Nos 3,
No. 4, and No. 10 frequently have pearls (P) associated with them (Nizami and Gall 2012). Three chromosomes
(Nos. 3, 7, and 9) bear HLBs, presumably at the histone loci (not independently verified). The single nucleolus is
located near the middle of chromosome No. 8, and the position of the nucleolus organizer (NO) has been verified
by in situ hybridization. The large gray masses on several chromosomes are presumed to be “lumpy loops” as
described originally by Callan in the newt Triturus (Callan and Lloyd 1960).
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RNA Localization during
Oogenesis in Xenopus laevis
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Abstract: The polarized distribution of mRNA is a wide-spread mechanism for regulating
cell differentiation and cell function. Xenopus oocytes have served as a wonderful model system to
investigate the mechanism(s) underlying this process. Here, a summary of major findings in the
Xenopus oocyte system is presented, and these findings are compared with findings in other species
and cell types. A model is presented that suggests RNA localization elements form secondary
structural elements comprised of distinct RN A strands from two or more localizing mRNA molecules.
In this model, these intermolecular RNA structures play a role in recruiting critical proteins required
for the localization process. Since this mechanism is likely to regulate the spatial expression patterns
of thousands of proteins encoded in a single genome, future work should focus on advanced
algorithm development to identify these and other types of nonprotein-coding RNA regulatory
elements that play a major role in establishing diverse phenotypes from specific genotypes.

Xenopus oocytes as a model system
for exploring RNA localization

The generation of polarized distributions
of specific RNAs, proteins, and subcellular
organelles is a key step toward organizing a
cell. This spatial and temporal aspect of
regulation contributes significantly to cell
type-specific functions in all organisms. The
specific localization of distinct mRNAs is
a widespread mechanism for generating
polarity in both somatic and germ cells and
has been studied extensively in highly
polarized cells, such as oocytes, neurons, and

epithelial cells where the process of establish-
ing mRNA polarity is most amenable to
experimental investigation. The primary role
for mRNA localization is to establish localized
protein synthesis from distinct mRNAs at
particular subcellular locations where proteins
are required for specific cellular functions and
exclude them from regions where they are not
needed or may be deleterious. One example of
this is the localized synthesis of proteins at
neuronal synapses which can be hundreds of
microns away from the nucleus in the cell
bodies where mRNAs are synthesized. The
local synthesis of distinct proteins at synapses
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is thought to play a critical role in synaptic
plasticity, long-term memory, as well as
neurological disorders (Richter and Klann
2009; Liu-Yesucevitz et al. 2011).

Egg cells, like neuronal cells, also have a
high degree of polarity and organization that
is required to support the formation of an
embryo as soon as fertilization occurs. These
female germ cells of Drosophila melanogaster
and Xenopus laevis have both been utilized
extensively to investigate the mechanisms of
RNA localization and the establishment of cell
polarity because they are amenable to distinct
types of experimental investigation. In both
species, as in most animals, primordial germ
cells are set aside early during embryogenesis
as a source of stem cells that will differentiate
into eggs or sperm in females or males, respec-
tively. As primordial germ cells differentiate
into oogonia and then oocytes in the ovary,
they initiate meiosis, but arrest their cell cycle
in the first meiotic prophase at which time
they begin the process of oogenesis to form an
egg. During oogenesis, these meiotic cells
have the maximum copy number of each
gene, and segments of genome that encode
the ribosomal RNA genes are amplified to
accommodate the high demand for protein
synthesis in the growing oocytes. In Xenopus,
this process takes 9-12 months but is on the
order of just a few days in Drosophila. For a
comparative description of this biological
process in vertebrate and invertebrate animal
models, including Drosophila and Xenopus, the
reader is encouraged to read a review by
Saffman and Lasko (1999). During oogenesis,
oocytes accumulate yolk protein from the
mother, but also generate highly organized
patterns of mRNA localization and consequent
protein expression. Sometimes the resulting
polarized pattern of protein expression is
visible to the naked eye. For example, fully
grown Xenopus oocytes are over lmm in
diameter and have pigment granules in the
cortex of their animal hemisphere, making
one half of the oocyte quite dark in appearance.
Cells that acquired these pigment granules
during early development migrate around the
embryo, surrounding it completely later in
development. The opposite hemisphere is
referred to as the vegetal hemisphere. It has
no pigment and appears light in color.
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While arrested in the prophase of meiosis I,
Xenopus oocytes progress through six charac-
terized stages of growth, and a mixture of
stage I-VI oocytes is present in the adult
female ovary. Stage I oocytes are transparent
and are 50-100pm in diameter. As oocytes
grow and accumulate yolk protein, they
become opaque during stage II of oogenesis
(100-450pm diameter). Pigment granules
form at the surface of the animal side of
oocytes during the later stage III of oogenesis
(450-600pm diameter) and continue to
increase in the animal hemisphere until the
final stage VI of oogenesis (1200-1300pm
diameter) (Dumont 1972). Many RNAs have
been discovered that localize to the vegetal
pole and vegetal cortex of Xenopus oocytes.
This process occurs primarily during stages I-
III of oogenesis. Those RNAs that begin to
localize in stage I oocytes, such as Xcat-2, first
accumulate at a structure called the Balbiani
body or mitochondrial cloud which is a large
structure adjacent to one side of the nucleus
and thus first defines the animal-vegetal axis
of the growing oocyte (Figure 2.1). Some
RNAs, such as Xcat-2, are targeted with
somewhat more specificity to the germ plasm
within the mitochondrial cloud, causing these
RNAs to be segregated to primordial germ
cells during early development (Kloc et al.
2000). The mitochondrial cloud, along with the
associated early-pathway RNAs, migrates
from its region near the nucleus of stage I
oocytes to the vegetal cortex during stage II of
oogenesis and remains at the vegetal pole
through stage VI. RNAs that localize to the
vegetal pole during the so-called “late pathway”,
such as Vgl, are distributed throughout the
cytoplasm of stage I oocytes and begin their
localization during stage II at which point they
localize to a wedge-shaped structure just
behind the early-pathway RNAs at the vegetal
pole (Figure 2.1). These RNAs continue to
localize to the vegetal cortex during stages III
and IV of oogenesis. By stage IV of oogenesis,
most of the Vgl is localized throughout the
vegetal cortex, whereas early-pathway RNAs
remain in the cortex at the vegetal pole. The
two best-characterized late-pathway RNAs,
Vgl and VegT, encode proteins that act
synergistically (Agius et al. 2000) to specify
the mesoderm during early embryogenesis
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Stage IV
Stage Il
Stage |
Vg1
Xcat-2
Vgt Xcat-2
Figure 2.1 Distribution of early- and late-pathway

RNAs in stage -1V oocytes. On the left is a stage |
oocyte showing the nucleus (N), the Vg1 mRNA
distributed throughout the cytoplasm (blue), and the
Xcat-2 localized to the Balbiani body or mitochondrial
cloud adjacent to the nucleus (red). By stage Il, the
mitochondrial cloud and early-pathway RNAs have
moved to the vegetal cortex, whereas late-pathway
RNAs, such as Vg1 (blue), begin to localize to a
wedge-shaped structure between the nucleus (N) and
the early-pathway RNAs at the vegetal pole. A stage
IV oocyte is shown on the right with a pigmented
animal hemisphere at the top and Vg1 (blue)
distributed through most of the vegetal cortex. Xcat-2
(red) and other early RNAs remain in the vegetal cortex
but mostly at the vegetal pole. The oocytes are drawn
to relative scale with the stage | oocyte being
approximately 100 uM in diameter. The process of
growing from a stage | to stage IV oocyte takes months
in an adult female. For a comprehensive book of
protocols and high-quality photos of different-staged
oocytes, the reader is referred to volume 36 of
Methods in Cell Biology (O’Keefe et al. 1991). To see
a color version of this figure, see Plate 4.

(Kessler and Melton 1995; Joseph and Melton
1998; Zhang et al. 1998). Stage II oocytes are
probably the best for studying the localization
process because only at this stage will the
early- and late-pathway injected exogenous
RNAs adopt their relative localization patterns
that most closely mimic their endogenous
counterparts (Kloc et al. 1996) with only
18-36h of culturing post injection. The molec-
ular mechanism underlying this process of
sorting and localizing mRNAs to the vegetal
cortex will be the focus of this chapter.

In order to explore the mechanisms that
mediate mRNA localization, it is important to
consider the advantages and disadvantages of
the various model systems employed to study
the process. For example, a plethora of genetic
manipulations are available in the Drosophila

system and have been used successfully to
identify and characterize proteins required for
mRNA localization and transport in Drosophila
oocytes and embryos. Through an elegant
application of molecular, genetic, and develop-
mental approaches available only in Drosophila,
it has been shown that ectopic mislocalization
of a single posterior mRNA, nanos, to the ante-
rior end of an oocyte is sufficient to generate an
entire posterior body structure resulting in a
bipolar embryo (Gavis and Lehmann 1992).
This fascinating result demonstrates that the
polarized distribution of just a single upstream
factor can be sufficient to establish all down-
stream patterning of a developing embryo, at
least in this system. Insights into both the
importance and mechanism of mRNA localiza-
tion gained from the Drosophila system have
been enormous and are summarized in recent
review articles (Becalska and Gavis 2009; Lasko
2011). One potential limitation of the Drosophila
system, however, is that from an evolutionary
perspective, the patterning observed in devel-
oping Drosophila embryos is highly derived,
such that specific orthologous or homologous
mRNA localization pathways in distantly
related animals have not yet been identified in
oocytes and may not exist, even though many
of the core RNA binding proteins and molec-
ular motors are shared between species. This
is one reason investigators have studied
mRNA localization in other models, such as
Xenopus oocytes, where genetic manipula-
tions are not possible, but in which other types
of experimental approaches are available and
have revealed key insights into the mRNA
localization process of vertebrates. Important
advantages of the Xenopus oocyte model
system include the ability to prepare cellular
extracts from individually staged oocytes, to
prepare undiluted cytoplasmic extracts that
maintain associations that are sensitive to
dilution, to microinject known quantities of
labeled and unlabeled RNAs for in vivo com-
petition experiments, to perform live imaging
of RNAs being localized, and to immunopre-
cipitate proteins and/or RNAs presumably
associated with RNA localization complexes.
Previous reviews have described numerous
mRNAs that become localized to the vegetal
pole during stages I-IV of oogenesis in
Xenopus (King et al. 2005; Kloc and Etkin



